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Abstract

Themethylerythritol phosphate pathway to isoprenoids, an alternate biosynthetic route pres-

ent inmanybacteria, algae, plants, and themalarial parasitePlasmodium falciparum, has become

an attractive target for the development of new antimalarial and antibacterial compounds. The

second enzyme in this pathway, 1-deoxy-DD-xylulose 5-phosphate reductoisomerase (DXR; EC

1.1.1.267), has been shown to be the molecular target for fosmidomycin, a promising antimalar-

ial drug. This enzyme converts 1-deoxy-DD-xylulose 5-phosphate (DXP) into the branched com-

pound 2-C-methyl-DD-erythritol 4-phosphate (MEP). The transformation of DXP into MEP

requires an isomerization, followed by a NADPH-dependent reduction. The discovery of

DXR, its subsequent characterization, and the identification of inhibitors will be presented.
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1. Introduction

The methylerythritol phosphate (MEP) pathway to isoprenoids has stimulated

widespread interest since its discovery in the early 1990s [1–3]. This biosynthetic
pathway, comprised of seven enzymatic steps, begins with the condensation of pyru-
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Fig. 1. Conversion of DXP to MEP mediated by DXR.
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vate and glyceraldehyde-3-phosphate to form 1-deoxy-DD-xylulose 5-phosphate

(DXP) and ends with the formation of the isoprenoid precursors isopentenyl diphos-

phate (IPP) and dimethylallyl diphosphate (DMAPP) from the common intermedi-
ate 1-hydroxy-2-methyl-2-E-butenyl 4-diphosphate [4,5]. The second step in the

pathway is the conversion of DXP into 2-C-methyl-DD-erythritol 4-phosphate

(MEP) mediated by the enzyme 1-deoxy-DD-xylulose 5-phosphate reductoisomerase

(DXR; EC 1.1.1.267; Fig. 1). The discovery of DXR and its subsequent characteriza-

tion are the focus of this review.
2. DXR characterization

The Escherichia coli dxr (yaeM) gene and the successful expression of the recom-

binant protein were first reported in 1998 [6,7]. This discovery was aided by an earlier

biosynthetic study that established that 2-C-methyl-DD-erythritol, but not the enantio-

mer 2-C-methyl-LL-erythritol, was incorporated into E. coli isoprenoids [8]. In order

to identify the gene(s) necessary to convert DXP into the putative intermediate, 2-C-

methyl-DD-erythritol 4-phosphate, E. coli mutants were generated and screened for

those that could survive only in the presence of added 2-C-methylerythritol. Comple-
mentation studies with the surviving mutants using a genomic library from E. coli

resulted in the identification of the yaeM gene as the single gene that allowed growth

of the mutants. This gene was overexpressed in E. coli and incubation of the recom-

binant enzyme with DXP resulted in a product that was identified as 2-C-methyl-DD-

erythritol 4-phosphate, revealing that a single enzyme promoted isomerization and

reduction steps [6]. An enzyme involved in branched chain amino acid biosynthesis,

ketol acid reductoisomerase (EC 1.1.1.86), also combines rearrangement and reduc-

tion steps, so the name DXP reductoisomerase1 was proposed for this new enzyme.
The corresponding gene was renamed dxr.
1 Several names have been used for this enzyme and its corresponding gene. The original yaeM

designation for the E. coli gene was revised to dxr upon determination of the function of the corresponding

enzyme [6]. Later, ispC was introduced [45], as dxr precedes the final five genes in the MEP pathway, which

are now designated ispD–ispH. The originally proposed name, 1-deoxy-DD-xylulose-5-phosphate reducto-

isomerase has been adopted as the official Enzyme Commission name. The ‘‘reductoisomerase’’ name

places priority on the oxidation/reduction action of the enzyme, the approach used in formal enzyme

nomenclature. The isomerization action of the enzyme, even though it occurs prior to the reduction, does

not take precedence in the naming of the enzyme. Other synonymous names for DXR include: DOXP

reductoisomerase, DXP isomeroreductase, MEP synthase, IspC, and DOXPR.
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The general characteristics of the DXR enzymes are that they are homodimers

with monomer molecular weights of 42–45 kDa. The cofactor NADPH and a diva-

lent cation (Mg2+, Mn2+, or Co2+) are required for activity. The enzymes typically

have a pH optimum in the range 7–8, with a maximum rate at 50–60 �C. In plants,

the gene product typically has a plastidial targeting sequence that is subsequently
cleaved to provide the active enzyme [9,10], although there are examples of the

full-length recombinant enzyme being active [9,11].

In addition to the gene from E. coli, the dxr genes from a variety of sources have

been cloned: Plasmodium falciparum [12], Arabidopsis thaliana [13],Mentha · piperita

[9], Zymomonas mobilis [14], Synechococcus leopoliensis [15], Catharanthus roseus

[16], Pseudomonas aeruginosa [17], Streptomyces coelicolor [18], Lycopersicon esculen-

tum [11], Synechocystis sp. PCC6803 [19], Mycobacterium tuberculosis [20], and Zea

mays [21]. The DXR enzymes for which kinetic parameters have been determined are
listed in Table 1. As can be seen from the table, the Km(DXP) values vary from 42 to

720 lM depending on the enzyme source, while the Km(NADPH) varies from 0.5 to

190 lM, with most values being <20 lM. The ranges for the E. coli DXR parameters

are due to reports from several laboratories. These values likely reflect slightly differ-

ent N-terminal histidine modifications and minor variations in the assay conditions.

Although several plant enzymes have been cloned, Michaelis constants have not

been reported, so comparisons are not possible at this time. Both native and N-ter-

minal His-tagged enzymes have been characterized. The differences noted for the two
forms of the Synechocystis DXR were relatively small, whereas larger differences are

noted for parameters for the E. coli enzymes, especially the much lower Km(NADPH)

for the native enzyme and lower kcat for the His-tagged forms. The difference in kcat
may be due to instability of the E. coli DXR, and possibly other DXRs, at low pro-

tein concentrations [22]. Addition of bovine serum albumin to the assay mixture can

help to stabilize the enzyme [22]. The higher Km(NADPH) for the His-tagged E. coli

DXR may be due to variations in the enzyme preparations and assay conditions,
Table 1

Comparison of kinetic parameters for DXR from several sources

DXR KM (lM)a kcat (s
�1)b

DXP NADPH

Escherichia coli (native) [18,22] 115–720 0.5 22–116

Escherichia coli (His-tagged) [24,37,44] 97–99 18 8

Zymomonas mobilis (His-tagged) [14] 300 5 14

Streptomyces coelicolor (native) [18] 190 190 19.2

Synechocystis PCC 6803 (native) [19] 134 5.0 5

Synechocystis PCC 6803 (His-tagged) [19] 170 4.6 7

Mycobacterium tuberculosis (native) [20] 42 5.0 2.1

a Because Mg2+ is reported to be the relevant metal ion in vivo, the kinetic parameters used for

comparisons were those determined with Mg2+ as the divalent cation (except Z. mobilis, 2 mMMn2+). The

parameters for the E. coliHis-tagged DXR have also been determined by several groups using Mn2+ as the

metal ion (Km(DXP) = 73–250 lM, Km(NADPH) = 7.4–25 lM, kcat = 8–13s�1) [24,37,44].
b kcat values were calculated from the reported Vmax values when required.
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although a direct comparison of native and His-tagged enzymes under the same con-

ditions would be necessary to rule out a role for the N-terminal extension.

2.1. Cofactor requirements

The metal ion requirement for DXR was established in initial studies to be Mg2+,

Mn2+, or Co2+. Numerous other divalent metal ions were assayed, but all of the oth-

ers resulted in minimal activity or no activity at all [7,14,19,20]. The Km values for

the metal ions have been determined for the Synechocystis and Mycobacterium en-

zymes [19,20]. DXR has higher affinity for Co2+ (Synechocystis Km(Co) = 10 lM;

M. tuberculosis, 1.2 lM) and Mn2+ (Km(Mn) = 15 lM; 21 lM) ions, than for Mg2+

(Km(Mg) = 2400 lM; 1200 lM). Although the greatest kcats are often achieved with

Mn2+, the lowest Km(DXP)s are seen with Co2+, and the affinity of DXR for Mg2+

is comparatively low, it is likely that Mg2+ is the relevant divalent cation in vivo

[19,20,22]. This is due to the more abundant levels of Mg2+ ions available relative

to Mn2+ or Co2+ in vivo.

As mentioned above, DXR utilizes NADPH as a cofactor, in preference to

NADH. The E. coli DXR was reported to use NADH to an extent of 1% relative

to NADPH [7], while no use of NADH was reported for the Z. mobilis [14] and Syn-

echocystis [19] enzymes. Slightly less discrimination was observed with partially puri-

fied S. leopoliensis DXR, where a drop in activity to 16% was found [15]. Recent
experiments with the M. tuberculosis DXR have provided more detailed information

on the utilization of NADH as a cofactor [20]. With this enzyme, similar kcat values

were obtained with both cofactors, but with NADH, the Km(NADH) was 80–120-fold

higher than the corresponding Km(NADPH) depending on the metal ion present. For

example, when Mg2+ was the divalent ion, Km(NADPH) was 5 lM, while Km(NADH)

was 410 lM and the Km(DXP) increased from 42 to 210 lM with the change to

NADH [20]. These results suggest that the lower activity with NADH observed with

DXR from other sources was likely due to insufficient concentrations of NADH and
DXP. Even though NADH can be utilized as a cofactor in vitro, the higher kcat/Km

values with NADPH support NADPH as the relevant in vivo cofactor.

2.2. 2-C-Methyl-DD-erythrose 4-phosphate as an intermediate

The compound 2-C-methyl-DD-erythrose 4-phosphate, which was first proposed as

a potential intermediate in the MEP pathway [23], was subsequently proposed as an

intermediate in the DXR reaction (Fig. 1) [7]. Attempts to identify this intermediate
from a standard reaction mixture were unsuccessful [7], as were attempts to detect

the intermediate by NMR while using dihydro-NADPH, an unreactive NADPH

analog [22,24]. Finally, 2-C-methyl-DD-erythrose 4-phosphate was synthesized and

demonstrated to be kinetically competent for the reduction step, supporting its role

as an intermediate for the enzymatic reaction [24]. Not only was the conversion of 2-

C-methyl-DD-erythrose 4-phosphate into MEP demonstrated, but when DXR was

incubated with NADP+ and 2-C-methyl-DD-erythrose 4-phosphate, a low level con-

version to DXP was detected. These experiments strongly suggest that 2-C-methyl-
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DD-erythrose 4-phosphate is an intermediate in the enzymatic transformation even

though efforts to directly detect its formation have failed.

2.3. Stereochemistry

The specific formation of the 2-C-methyl-DD-erythritol 4-phosphate enantiomer

from DXP established the overall stereochemical outcome of the DXR reaction,
but further stereochemical issues have also been addressed. The stereospecific deliv-

ery of hydride from NADPH has been studied with the cyanobacterial (Synechocys-

tis PCC6803) [25], E. coli [26], and M. tuberculosis [20] enzymes. These studies

concluded that the enzyme is a class B dehydrogenase, delivering the proS hydride

from NADPH (Fig. 2). Additional studies with the recombinant Synechocystis

DXR [25] and on the in vivo formation of 2-C-methylerythritol in the plant Lirioden-

dron tulipfera [27] established that the C3 hydrogen of DXP becomes the proS

hydrogen at C1 of MEP, with the C1 proR hydrogen deriving from NADPH. Based
on these results, it was established that the re face of the intermediate aldehyde is

attacked by the hydride.

2.4. Mechanism for the rearrangement of DXP to 2-C-methyl-DD-erythrose 4-phosphate

Three general mechanisms have been proposed for the rearrangement of DXP to

the methylerythrose intermediate (Fig. 3) : (1) an a-ketol rearrangement [24], (2) a

retro-aldol/aldol reaction sequence [24], and (3) a hydride/methyl shift mechanism
[20]. There is precedence for the retro-aldol/aldol-type sequence in the mechanism

for the enzyme LL-ribulose 5-phosphate 4-epimerase [28]. If the retro-aldol reaction

occurs, an enolate of hydroxyacetone and glycolaldehyde phosphate would be gen-

erated. Attempts have been made to mimic the aldol condensation part of this mech-

anism by incubating DXR with hydroxyacetone and glycolaldehyde phosphate, but

no production of MEP was observed [24,29]. The mechanism was further probed

with 3S-hydroxypentan-2-one 5-phosphate, which could potentially undergo the

rearrangement by the a-ketol mechanism, but would be incapable of participating
in the retro-aldol/aldol mechanism. This compound, however, acts as an inhibitor

of the enzyme and is not an alternate substrate [24]. The hydride/methyl shift mech-
Fig. 2. Summary of the stereochemical features of the DXR reaction. The proS hydride of NADPH is

delivered to the Re face of the intermediate aldehyde. The C3 hydrogen of DXP becomes the proS

hydrogen at C1 of MEP.



Fig. 3. Proposed mechanisms for the rearrangement of DXP to the 2-C-methylerythrose 4-phosphate

intermediate: (A) a-ketol rearrangement, (B) sequential retro-aldol/aldol reactions, (C) sequential 1,2-

hydride and 1,2-methyl shifts. The asterisk marks the position of the carbon originally at C3 of DXP.
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anism is not consistent with labeling studies [30,31] and can be ruled out. At the cur-

rent time, either of the first two mechanisms is still possible for DXR.

2.5. Reversibility of the DXR reaction

Beyond the general characterization of DXR from several sources, in-depth exam-

ination of the E. coli and M. tuberculosis enzymes has occurred [20,22,24]. Both en-

zymes are reversible, with an equilibrium that lies heavily in favor of the formation
of MEP. The Km(MEP) for E. coli DXR is slightly higher than Km(DXP) [22,24], while

the Km(MEP) and Km(DXP) for the M. tuberculosis DXR are equivalent [20]. The

Km(NADP+) values were 50-fold (E. coli [22]) and 34-fold (M. tuberculosis [20]) higher

than the Km(NADPH) values. Studies with the E. coli enzyme indicated that it operates

by an ordered sequential mechanism, with NADPH binding first, followed by DXP

[22]. The experiments with the M. tuberculosis enzyme suggested a steady-state ran-

dom mechanism, although the ordered mechanism could not be ruled out [20]. Based

on the work with the E. coli enzyme and the insights from the crystal structures (see
below) which suggest an ordering of the active site upon NADPH binding, it seems

likely that the ordered mechanism operates for most DXR enzymes.

2.6. DXR crystal structures

Three research groups have published crystal structures of the E. coli DXR

[32–34] and a structure of the Z. mobilis DXR [35] has also been reported. Each

of the E. coli structures has provided important new information about DXR.
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The first structure published was the apoenzyme [32]. This structure provided an ini-

tial look at the general fold of the protein. The enzyme is a homodimer with three

distinct domains: an N-terminal NADPH binding domain, a central connecting do-

main, and a C-terminal helical domain. The central domain contains most of the ac-

tive site residues, as well as a flexible loop region that appears to function as a lid
over the active site. In this structure, the flexible loop region was not well defined

in two of the three protein molecules present in the asymmetric unit. The second

structure was of the selenomethionine-substituted enzyme with both NADPH and

a sulfate ion bound [33]. The binding of NADPH helps to stabilize the structure

allowing for a more ordered flexible loop region. The sulfate ion appeared to bind

in the putative phosphate binding pocket, a conclusion which has been supported

by a subsequent structure. The third article reported three structures of DXR: the

apoenzyme, DXR with Mn2+ bound, and DXR with Mn2+ and fosmidomycin
bound [34]. The Mn2+-containing structures were obtained by soaking solutions of

the apoenzyme with Mn2+ alone or Mn2+ and fosmidomycin. The NADPH binding

site in this structure is blocked by the C-terminus of an adjacent monomer in the

crystal, preventing access by NADPH. The Z. mobilis DXR structures, one of which

has NADPH bound, are quite similar to the E. coli structures, although there are dif-

ferences in the residues that interact with the adenine ring of NADPH [35].

Each of the E. coli structures utilized slightly different N-terminal His-tagged ver-

sions of the recombinant DXR, although these N-terminal extensions were disor-
dered in all of the structures. A common feature in the preparation of the crystals

was the use of mildly acidic conditions (ranging from pH 5.1 to 5.8), which differs

from the normal functional pHs of these enzymes. Because of the different pH val-

ues, the protonation state of residues at the active site may not be the same as in the

functional enzyme. A recent study on the metal ion affinity with the Mycobacterium

DXR indicates that the Mn2+ ion affinity decreases at lower pH due to a proposed

change in protonation state of a carboxylate ligand(s) [20]. The relevance for the

crystal structures is that the hydrogen bonding networks observed in the structures
could be slightly different from those present at pH 7–8.

A NMR solution structure of the E. coli DXR in complex with NADPH was pub-

lished about the same time as the first X-ray structure [36]. The structure revealed the

importance of several methionine and isoleucine residues in the binding of NADPH

and the general active site, although the identification of the specific methionine res-

idues was not possible.

2.7. Mutagenesis studies

Prior to the publication of the crystal structures, four mutants of the E. coli

DXR were evaluated which demonstrated the importance of conserved histidine

and glutamate residues for activity [37]. A summary of the results is presented in

Table 2. The E231K mutant had relatively minor increases in Km(DXP) and

Km(NADPH), but a greater than 400-fold decrease in kcat. Because Glu231 acts as

a ligand to Mn2+ in the crystal structure, replacement with a lysine residue would

be expected to destabilize the octahedral coordination sphere, resulting in reduced



Table 2

Comparison of E. coli wild-type and mutant DXRs [37]

Enzymea Km Relative kcat (%)

DXP (lM) NADPH (lM)

Wild-type 250 7.4 100

E231K 270 18 0.24

H153Q 880 7.0 10

H209Q 1900 18 0.15

H257Q 4800 160 0.08

a Enzymes were characterized in the presence of 1 mM Mn2+.

490 P.J. Proteau / Bioorganic Chemistry 32 (2004) 483–493
catalytic efficiency [34]. Three histidine to glutamine mutants were made: H153Q,

H209Q, and H257Q. The H257Q mutation had the most drastic effect on the en-

zyme, with significant increases in Km values for both DXP and NADPH, as well

as a 1300-fold drop in kcat. The increase in Km(NADPH) is somewhat surprising con-

sidering that H257 is distant from the NADPH binding site. It has been proposed

that H257 and W212 participate in a stabilizing interaction along with the nicotin-

amide ring of NADPH that is important for full activity of the enzyme [34]. The

H153Q mutation resulted in a 3.5-fold increase in Km(DXP), with no effect on the
Km(NADPH) and a 10-fold decrease in kcat. This histidine residue has been proposed

to play mainly a structural role because it is not in direct contact with the sub-

strate, but rather is surrounded by conserved Asp and Glu residues [33]. Based

on crystal structures, H209 is positioned near the phosphate group binding site

and possibly is involved in H-bonding to the phosphate group of DXP, helping

to position the molecule for optimal catalysis. Mutation of this residue to a gluta-

mine increased the Km(DXP) eight-fold, with a minor increase in the Km(NADPH),

accompanied by an almost 700-fold decrease in kcat. Alteration of the putative
H-bonding interaction with the phosphate group of the substrate has a strong neg-

ative impact on the rate of catalysis.
3. Inhibitors of DXR

Shortly after the discovery of DXR, it was reported that the natural product fosm-

idomycin was a potent inhibitor for this enzyme [38]. Fosmidomycin, an antibacterial
compound, was determined to be a mixed inhibitor of DXR with a Ki of 38 nM.

When fosmidomycin was tested as an inhibitor of the Z. mobilis DXR, it was deter-

mined to be a competitive inhibitor with a Ki of 600 nM [14]. Recent studies have

more accurately defined fosmidomycin as a slow, tight-binding inhibitor that displays

two inhibition modes, an initial step competitive with DXP and another non-compet-

itive with DXP [22]. A related natural product, FR900098, is also known as an effec-

tive inhibitor of DXR and has shown greater antimalarial activity than fosmidomycin

in a mouse model system [12]. Although fosmidomycin was initially proposed to in-
hibit DXR by binding in a similar fashion to the intermediate aldehyde, the crystal

structure of E. coliDXR withMn2+ and fosmidomycin bound provided evidence that
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fosmidomycin binds in a fashion more similar to the substrate DXP [34]. Several car-

boxylic acid [39] and hydroxyurea [40] analogs of fosmidomycin have been synthe-

sized, but their characterization as DXR inhibitors has not been reported.

Two DXP analogs lacking a hydroxyl group (3S-hydroxypentan-2-one 5-phos-

phate and 4S-hydroxypentan-2-one 5-phosphate) have also been found to be inhib-

itors of E. coli DXR, albeit at much higher concentrations than fosmidomycin [24].

The 4-deoxy analog was 6.7-fold more potent than the 3-deoxy analog and both

had Ki values greater than the Km for DXP. Because neither of these compounds

was a substrate for DXR, the critical roles for both hydroxyls have been

established.
An additional approach to inhibitors has focused on the NADPH binding site

[41]. A series of adenosine derivatives that have moderate antimalarial activity was

examined for DXR inhibition. Although some of these compounds showed inhibi-

tion of DXR, it is unclear how much DXR inhibition contributes to the biological

activity. A potential complicating factor is that the DXR inhibition studies utilized

E. coli DXR, while the in vivo target would be the Plasmodium DXR.

A phosphonate derivative of DXP, 3R, 4S-dihydroxy-5-oxohexylphosphonic

acid, has been characterized as an alternate substrate for DXR [42]. This com-
pound has a Km approximately four-fold higher than DXP and a kcat 10-fold low-

er. The difference between the phosphate and phosphonate group not only affects

the binding, but the efficiency of turnover of this compound is reduced. Erythrose

4-phosphate (E4P) has been tested as a substrate for DXR, with no turnover ob-

served with the His-tagged enzyme [24] and slow turnover with the native enzyme

[22]. Deoxyxylulose itself, at concentrations up to 2 mM, is not a substrate for

DXR [7].
4. Conclusion

Extensive investigation of DXR has provided a deeper understanding of how this

unique enzyme accomplishes the transformation of DXP to MEP. Several inhibitors

of DXR have been identified, with fosmidomycin and its close analog being the most



492 P.J. Proteau / Bioorganic Chemistry 32 (2004) 483–493
potent to date. Because fosmidomycin has important antimalarial activity and the

MEP pathway is an attractive target for new antibacterials [43], efforts are underway

to identify other inhibitors of DXR for their antimalarial and antibacterial potential.

The X-ray crystal structures of DXR and the continuing research to fully elucidate

the mechanism should be of great value in these studies.
Acknowledgment

A grant from the National Institutes of Health (RO1 AI42558) provided partial

support for preparation of this review.
References

[1] M. Rohmer, M. Knani, P. Simonin, B. Sutter, H. Sahm, Biochem. J. 295 (1993) 517–524.

[2] S.T.J. Broers, Ph.D. Dissertation, Eidgenössischen Technische Hochschule, Zürich, 1994.
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